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Regulation of ciliary and flagellar motility requires spatial control
of dynein-driven microtubule sliding. However, the mechanism for
regulating the location and symmetry of dynein activity is not
understood. One hypothesis is that the asymmetrically organized
central apparatus, through interactions with the radial spokes,
transmits a signal to regulate dynein-driven microtubule sliding
between subsets of doublet microtubules. Based on this model, we
hypothesized that the orientation of the central apparatus defines
positions of active microtubule sliding required to control bending
in the axoneme. To test this, we induced microtubule sliding in
axonemes isolated from wild-type and mutant Chlamydomonas
cells, and then used electron microscopy to determine the orien-
tation of the central apparatus. Transverse sections of wild-type
axonemes revealed that the C1 microtubule is predominantly
oriented toward the position of active microtubule sliding. In
contrast, the central apparatus is randomly oriented in axonemes
isolated from radial spoke deficient mutants. For outer arm dynein
mutants, the C1 microtubule is oriented toward the position of
active microtubule sliding in low calcium buffer, but is randomly
oriented in high calcium buffer. These results provide evidence that
the central apparatus defines the position of active microtubule
sliding, and may regulate the size and shape of axonemal bends
through interactions with the radial spokes. In addition, our results
indicate that in high calcium conditions required to generate
symmetric waveforms, the outer dynein arms are potential targets
of the central pair-radial spoke control system.
The mechanism of eukaryotic ciliary and flagellar motility isbased on a sliding microtubule model in which the dynein
arms attached to the nine doublet microtubules generate force
against adjacent doublets, causing the microtubules to slide past
one another (1–5). Because the doublet microtubules are an-
chored to the cell by their attachment to the basal bodies,
microtubule sliding causes the axoneme to bend. However,
dynein generates force in a single direction (6). Therefore, all of
the dynein arms cannot be simultaneously active. Moreover, to
generate the complex waveforms observed for beating cilia and
flagella, the dynein arms must be asymmetrically regulated
around the circumference and along the length of the axoneme.
One challenge is to determine how asymmetric regulation of
dynein activity is achieved. The only structure within the axon-
eme that exhibits obvious asymmetry is the central apparatus.
The two tubules of the central apparatus are structurally and
biochemically distinct (Fig. 1A) (7–10). The C1 tubule has two
long projections (1a and 1b) and two short projections (1c and
1d). The C2 tubule has three short projections termed 2a, 2b, and
2c. The central apparatus is comprised of at least 23 polypep-
tides, subsets of which are unique to C1 and C2 (7, 8). This
inherent structural and biochemical asymmetry of the central
apparatus may be indicative of functional specialization.
Substantial evidence has implicated the central apparatus and
radial spokes in modulating dynein activity to locally control
microtubule sliding (for example, ref. 11; reviewed in refs.
12–15). These studies support a model in which the central pair
projections make contact with the radial spoke heads and
transmit a signal to the dynein arms (Fig. 1 A). The molecular
mechanism of this signal transduction pathway is not well
understood, but may include a combination of mechanical
interactions and posttranslational modifications of axonemal
components.
In many organisms, the central apparatus rotates within the
nine doublet microtubules (16). In these organisms, the central
pair projections may periodically interact with subsets of radial
spokes, distributing an ordered and sequential signal to the
dynein arms (17, 18). We hypothesized that if the asymmetry of
the central apparatus specifies dynein activity on subsets of
doublet microtubules, then the orientation of the central appa-
ratus would correlate with the location of dynein-driven micro-
tubule sliding. To test this, we induced microtubule sliding in
Chlamydomonas axonemes by using an assay that uncouples
sliding from flagellar beating, and then prepared the axonemes
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Fig. 1. (A) Transverse section of flagellar axoneme. The outer and inner
dynein arms (ODA, IDA) and radial spokes (RS) are attached to the outer
doublet microtubules. The central apparatus is enlarged and offset. Central
pair projections are labeled according to Mitchell and Sale (10). (B) Electron
micrograph and accompanying diagram, axoneme transverse section after
microtubule sliding. The C1 and C2 microtubules of the central pair are
labeled. The arrow defines the orientation of the central pair. The point at
which the arrow intersects the circumference of the doublets is indicated by
a dot on the accompanying diagram. The position of active microtubule
sliding includes the area lightly shaded. The inactive area includes the remain-
der of the axoneme (dark shading).








for electron microscopy. We discovered that, in wild-type axon-
emes, the C1 microtubule of the central pair is predominantly
oriented toward the position of active sliding. These results
provide evidence that the asymmetry of the central apparatus
specifies the location of dynein activity, and supports a model in
which the central apparatus plays a role in controlling the shape
of flagellar bends.
Materials and Methods
Chlamydomonas Strains and Cell Culture. Chlamydomonas rein-
hardtii strain A54-e18 (nit1-1, ac17, sr1, mt) was obtained from
Paul Lefebvre (University of Minnesota, St. Paul) and the cpc1–2
strain from David Mitchell (State University of New York,
Syracuse). The strains 137c, pf6, pf14, pf17, pf28, oda1, and ida1
were obtained from the Chlamydomonas Genetics Center (Duke
University, Durham, NC). Motility and structural phenotypes
for all strains are noted in Table 1. Cells were grown in constant
light in TAP media (27).
Axoneme Isolation and the Microtubule Sliding Assay. Flagella were
severed from cell bodies by the dibucaine method (28) and
isolated by differential centrifugation in buffer A (10 mM Hepes,
pH 7.45 mM MgSO41 mM DTT0.5 mM EDTA50 mM
potassium acetate). Axonemes were isolated by adding Nonidet
P-40 (Calbiochem) for a final concentration of 0.5% (wtvol).
The axonemes were pelleted and resuspended in buffer A.
The microtubule sliding assay was based on previously de-
scribed methods (2, 29). Axonemes were pelleted and resus-
pended in reactivation buffer (buffer A, 1 mM ATP). An equal
volume of sliding buffer (buffer A, 1 mM ATP, 4 gml
protease) was added to the axonemes and mixed. We used either
Nagarse protease (Type XXVII Protease; Sigma) or Type VIII
protease (catalog no. P-5380, Sigma). Either protease produced
the same results. For calcium treatments, buffer A, the reacti-
vation buffer, and the sliding buffer included CaCl2 for a final
concentration of 104 M free calcium according to the calcula-
tions of Wakabayashi et al. (30). Sliding was monitored by
darkfield microscopy (31). Exactly 3 min after the addition of
sliding buffer, 8% glutaraldehyde was added to the sample for a
final concentration of 1%, and the sample was processed for
electron microscopy.
Electron Microscopy. Axonemes were pelleted and fixed in 1%
glutaraldehyde and 1% tannic acid in 0.1 M sodium cacodylate,
and postfixed in 1% osmium tetroxide. The samples were stained
with 1% aqueous uranyl acetate, dehydrated in a graded series
of ethanol, and embedded in EMbed-812 resin. Uniform gold-
silver sections were mounted on copper grids, stained with
uranyl acetate and Reynold’s lead citrate, and examined in a
JEOL 100CX transmission electron microscope. Glutaralde-
hyde, osmium tetroxide, tannic acid, sodium cacodylate, lead
nitrate, and copper grids were purchased from EM Science. For
data analysis, negatives were digitized with an optical scanner.
Statistical Analysis of Images. Transverse sections of axonemes
lacking doublet microtubules were considered axonemes in
which microtubule sliding was induced after the addition of ATP
and protease. For each experiment, every transverse section in
which sliding occurred and the C1 and C2 microtubules could be
distinguished was analyzed for central apparatus orientation. All
images were oriented with the dynein arms projecting clockwise,
the axoneme viewed proximal to distal (Fig. 1B). Axoneme
transverse sections corresponded to one of six different sliding
patterns (Fig. 2). For each pattern, the axoneme was partitioned
into active and inactive areas. The active area is the position in
which microtubule sliding resulted in the loss of doublets from
the remainder of the axoneme; this area included the exposed
A-tubule and dynein arms and extended to the exposed B-tubule
(Fig. 1B). The inactive area is the remainder of the axoneme.
The orientation of the central pair was defined by an arrow
drawn parallel to the axis of the central pair, from the center of
the C2-tubule through the center of the C1-tubule (Fig. 1B). The
point at which the arrow intersected the circumference of the
doublet microtubules was indicated by a dot on the diagram for
that particular sliding pattern (Fig. 1B). This method allowed us
to easily view the orientation of the central apparatus for all
transverse sections collected from a single experiment (Fig. 2).
To determine whether the correlation between the orientation
of the central apparatus and the position of active microtubule
sliding was significant, we calculated how many times we ex-
pected to observe the C1 microtubule oriented toward the active
area, if central apparatus orientation was random. This calcu-
lation was made for each pattern of microtubule sliding, then
totaled for all patterns, and finally expressed as a percentage of
the total number of transverse sections included in the analysis
(expected active percent, Fig. 2). We used the 2 test to
determine significance of differences between the number of
observed and expected events (for analysis of circular arrange-
ments see ref. 32). Probability values were calculated by using the
CHIDIST function in Microsoft EXCEL. For each strain and
condition, our results represent data collected from a minimum
of three independent experiments.
Results and Discussion
The Orientation of the C1 Central Tubule Correlates with the Location
of Dynein-Driven Microtubule Sliding. We hypothesized that if the
asymmetry of the central apparatus is involved in modulating
dynein activity, then the orientation of the central apparatus
would correlate with the location of dynein-driven microtubule
sliding. To test this, we analyzed the orientation of the central
apparatus in flagellar axonemes isolated from Chlamydomonas
cells, using a combined functional and structural approach,
similar to that previously described (33, 34). The addition of ATP
and protease to isolated axonemes uncouples microtubule slid-
ing from axonemal bending. In control experiments with no ATP
or protease, microtubule sliding was not detected by light
microscopy, and subsequent electron microscopic examination
Table 1. Chlamydomonas strains used in this study
Mutant Structuralmotility defect
A54-e18 No axonemal structural defectwild-type motility (19)
137c No axonemal structural defectwild-type motility (20)
oda1, pf28 Lack outer dynein armsflagella beat with one-half frequency (21, 22)
ida1 Lacks inner dynein arm subform I1reduced beat frequency, altered waveform (23)
pf6 Central apparatus, lacks 1a projectionflagella paralyzed or twitch (8, 24)
cpc1 Central apparatus, lacks 1b projectionreduced beat frequency (10)
pf14 Lacks radial spokesparalyzed flagella (25)
pf17 Lacks radial spoke headsparalyzed flagella (26)
References are indicated in parentheses.
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revealed that all axonemal transverse sections contained nine
doublet microtubules. Therefore, the loss of doublet microtu-
bules from axonemes after the addition of ATP and protease
most likely results from dynein-driven microtubule sliding. We
defined the portion of the axoneme that lacked doublet micro-
tubules as the location of active microtubule sliding (Fig. 1B).
We first examined two strains, A54-e18 and 137c, that are
wild-type for flagellar structure and motility. Initial inspection of
axoneme transverse sections revealed that the outer edge of the
C1 microtubule (including the 1c and 1d projections) was
predominantly oriented toward the position of active microtu-
bule sliding (Fig. 1B). For every transverse section examined, the
orientation of the C1 microtubule was noted as a dot on a
diagram for the corresponding sliding pattern (Figs. 1B and 2).
To determine whether our observation was statistically signifi-
cant, we devised a method for quantifying central pair orienta-
tion. For the total number of transverse sections examined, we
calculated how many times we expected to observe the C1
microtubule oriented toward the position of active microtubule
sliding, if the orientation of the central apparatus was random.
We compared the expected value with the number of times the
C1 microtubule was observed oriented toward the active position
(see Materials and Methods and Figs. 1B and 2).
For wild-type axonemes, the C1 microtubule of the central
apparatus was oriented toward the position of microtubule
sliding in a significantly greater number of axonemes than
expected, if central apparatus orientation was random (Fig. 3).
We repeated the experiment using two different strains, pf28 and
oda1, which lack the outer dynein arms. For both strains, the C1
microtubule of the central apparatus was predominantly ori-
ented toward the position of active microtubule sliding (Fig. 3).
Recent evidence has revealed that inner dynein arm subform I1
may play a role in controlling flagellar bending (23, 31, 35–39).
Therefore, we analyzed central apparatus orientation in axon-
emes isolated from the I1 defective strain ida1. Remarkably, the
C1 microtubule in ida1 axonemes was oriented toward the
position of active microtubule sliding in 80% of transverse
sections (Fig. 3). These combined results indicate that neither
inner dynein arm I1 nor the outer dynein arms are exclusive
targets for regulation by the central apparatus.
Several studies have indicated that the C1 central microtubule
plays a role in regulating dynein-driven microtubule sliding.
Isolated axonemes lacking C1 cannot be reactivated to beat
under physiological conditions (for reactivation under nonphysi-
ological conditions see refs. 30 and 40–42). However, microtu-
bule sliding velocities can be measured by using an in vitro assay
(31). Sliding velocity is reduced in mutant axonemes that lack the
C1 microtubule (pf16). However, sliding velocities in mutants
lacking the 1a (pf6) or 1b (cpc1) projections are wild-type (31).
To determine whether the 1a or 1b projections affect central
apparatus orientation, we performed our analysis by using
axonemes isolated from the pf6 and cpc1 mutants. In both cases,
the C1 microtubule was predominantly oriented toward the
position of active microtubule sliding (Fig. 3). Therefore, the
remaining 1c and 1d projections appear to play an important role
in regulating dynein activity to modulate flagellar motility.
Interestingly, despite wild-type microtubule sliding velocity (31)
and apparent wild-type orientation of the C1 microtubule to-
ward the position of microtubule sliding (this study), pf6 cells
have paralyzed flagella. The defect in pf6 appears to be in
coordinating dynein activity to produce waveforms characteristic
of wild-type motility. One possibility is that the central apparatus
does not effectively rotate in pf6 axonemes. An assessment of
central apparatus rotation in this mutant has not been reported.
Given the spatial separation of the central apparatus and outer
doublet microtubules, mechanical coupling of the C1 microtu-
bule with the dynein arms most likely requires the radial spokes.
Therefore, we analyzed central apparatus orientation in axo-
nemes isolated from mutants with radial spoke defects. For
axonemes isolated from both pf14 and pf17, we found no
correlation between the orientation of the central apparatus and
regions of active microtubule sliding (Fig. 3). As predicted, the
central apparatus is apparently uncoupled from dynein activity
in radial spoke defective mutants. Based on these observations
and our previous results (31), our data support a model in which
the 1c and 1d projections of the C1 microtubule modulate dynein
activity on subsets of doublet microtubules through interactions
with the radial spokes.
It should be noted that for each strain, the number of doublet
microtubules which slide away from the axoneme is not entirely
Fig. 2. Quantitative analysis of central apparatus orientation. The example shown is wild-type axonemes. We calculated the expected number of events for
both the active and inactive areas for each pattern of microtubule sliding, if the orientation of the central apparatus was random. Expected events (fraction
of the axoneme in the activeinactive area) (total events for sliding pattern). The expected events in the active area were totaled for all sliding patterns (Total),
expressed as a percentage of the total number of transverse sections (%), and compared with the percentage of observed events.








random. For example, for axonemes isolated from both 137c and
pf6 cells, 64% of transverse sections lacked only one or two
microtubules. In both cases, the central apparatus was predom-
inantly oriented toward the position of active microtubule slid-
ing. In comparison, 42% of transverse sections of pf14 axonemes
lack 3, 4, or 5 microtubules (similar to A54-e18, 46%), but in pf14
axonemes, the orientation of the central apparatus is random.
Therefore, the correlation of central apparatus position with
active microtubule sliding is not affected by the distribution of
the number of microtubules that have slid away from the
axoneme. For our complete data set and statistical analyses, see
Fig. 6 and Table 2, which are published as supporting informa-
tion on the PNAS web site, www.pnas.org.
In High Calcium, the Central Apparatus Is Randomly Oriented in
Mutants Lacking Outer Dynein Arms. Chlamydomonas f lagella beat
with either of two distinct waveforms. The cells typically swim
forward by using an asymmetric waveform. However, in response
to bright light, the flagella switch to a symmetric waveform,
allowing the cells to swim in reverse (reviewed, ref. 43). This
change in waveform is caused by an influx of calcium ions and
is mediated by calcium binding proteins that are components of
the axoneme. For example, isolated axonemes can be reactivated
to beat with an asymmetric waveform in buffers of pCa8 or
with a symmetric waveform in buffers of pCa4 (44–47). We
recently demonstrated that the central apparatus and radial
spokes are involved in regulating dynein activity in response to
changes in free calcium (48). Therefore, we induced microtubule
sliding in pCa4 buffer and analyzed the orientation of the central
apparatus in wild-type and mutant axonemes.
In high calcium buffer, the C1 microtubule was oriented
toward the area of microtubule sliding in axonemes isolated from
wild-type, ida1, pf6, and cpc1 cells; the central apparatus re-
mained randomly oriented in pf14 and pf17 axonemes (compare
Figs. 3 and 4). Importantly, however, the central apparatus was
randomly oriented in pf28 and oda1 in pCa4 buffer (Fig. 4). This
result is in sharp contrast to our previous observation that the C1
central tubule in pf28 and oda1 axonemes was significantly
oriented toward the area of microtubule sliding in low calcium
conditions (Fig. 3). Evidently, in the absence of the outer dynein
arms, regulatory cues produced by the central apparatus are
uncoupled from microtubule sliding under high calcium condi-
tions. This result suggests a role for the outer dynein arms in
calcium-induced changes in waveform.
This conclusion is supported by the observation that outer dynein
armless mutants do not exhibit normal waveform changes in
response to increasing calcium concentration (22). Additional
support is provided by the analysis of suppressor mutations that
restore motility to both radial spoke and central apparatus defective
mutants without restoring the missing structures (49). These mu-
tations occur in genes encoding heavy chains of outer dynein arms
(49–51). One mutation, sup-pf-2, is in the gene encoding theheavy
chain subunit (51) and results in the asymmetric assembly of the
outer dynein arms on subsets of doublet microtubules. Although the
sup-pf-2 mutation restores motility to mutants lacking the radial
spokes or central apparatus, flagella of these double mutants beat
with a predominantly symmetric waveform (49, 52, 53). These
observations not only implicate the outer dynein arms in calcium-
induced changes in waveform, but also further illustrate the im-
portance of establishing asymmetric regulation of dynein activity.
This study does not exclude a role for the inner dynein arms or
dynein regulatory complex in calcium mediated changes in motility
(see refs. 35 and 54).
Precision of Central Apparatus Orientation in High and Low Calcium
Buffer. To more precisely define central apparatus orientation,
we divided the area of active microtubule sliding into two equal
halves, clockwise and counterclockwise (Fig. 7, which is pub-
lished as supporting information on the PNAS web site). The C1
microtubule was significantly oriented toward the clockwise half
of the active area in axonemes isolated from 137c, ida1, cpc1, and
pf6 in buffers of pCa8 and in axonemes isolated from 137c,
A54-e18, ida1, and cpc1 in pCa4 buffer. For 137c, ida1, and cpc1
axonemes, the orientation in the clockwise direction was more
pronounced in high-calcium buffer. The central apparatus is
reported to rotate in buffers of both low and high calcium in
Chlamydomonas (55). Although the results of our assay do not
demonstrate that the central apparatus rotates, the observed
orientation of the central pair is consistent with rotation in the
clockwise direction.
Central Apparatus Twist and Control of Flagellar Beating. The central
apparatus in Chlamydomonas, as well as in other organisms, is
reported to twist (9, 18, 55). In each case, the twist is left-handed,
though the pitch of the twist is variable. If the central apparatus
Fig. 3. Central apparatus orientation, low-calcium buffer. (A) Examples of
data obtained from axonemes isolated from four strains after microtubule
sliding. The lines drawn from the center of each cross section delineate the
active and inactive areas defined in Fig. 1B. The dots represent the orientation
of the C1 microtubule for individual transverse sections. Particularly striking
examples of the C1 microtubule oriented toward the position of microtubule
sliding are indicated by arrows. To view all data, see Fig. 6. (B) Percent of
transverse sections in which the C1 microtubule was oriented toward the
active area. Light bars indicate the expected percentage of events. The dif-
ference between the expected and observed percentages is darkly shaded.
Strains in which this difference is significant are indicated by asterisks (2 test;
P 0.03). The total number of transverse sections included is indicated below
each mutant.
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maintains a shallow twist in our assay, the C1 microtubule would
only affect dynein activity along a fraction of the length of any
particular doublet. However, in analyses of the most extended
longitudinal sections viewed in our axoneme preparations, the
central pair of microtubules does not appear to twist. The
conditions of the sliding assay that uncouple microtubule sliding
from flagellar beating may eliminate central apparatus twist.
Therefore, we predict that the C1 microtubule uniformly affects
dynein activity along the entire length of a particular doublet
microtubule in our assay. Our data do not address the role of
central apparatus twist during beating. Most likely, twist allows
for regulation of dynein activity along the length of the axoneme
as predicted by Omoto and Kung (18).
Similar analyses of echinoderm sperm flagella (33, 56) and
mussel gill cilia (34) have been performed. The central pair does
not appear to rotate in these organisms (for imposed rotation in
sea urchin sperm, see refs. 57 and 58). Although sperm cells and
gill cilia beat with different waveforms, the induction of micro-
tubule sliding results in breaks between specific doublets that
correlate with dynein activity (59). In both cases, the central
apparatus maintains a specific orientation relative to the position
of active sliding. These results imply that a single microtubule of
the central apparatus may provide either positive or negative
regulatory cues for microtubule sliding (60). Therefore, in these
cell types, specific interactions of the radial spokes with the C1
microtubule may positively or negatively control dynein activity
by a switching mechanism that does not involve central apparatus
rotation. The C1 and C2 microtubules were not distinguished in
these experiments, though the central apparatus is clearly an
asymmetric structure in these organisms.
Our data are consistent with the hypothesis of Omoto and
Kung (18) that central pair orientation specifies active sliding
between peripheral doublet microtubules. If central apparatus
rotation is maintained in the sliding assay, one prediction is that
subsequent activation of dynein arms on specific doublet micro-
tubules results in the progressive loss of doublets from the
axoneme (Fig. 5). This prediction is supported by our observa-
tion that for all axonemes examined, 50% of the doublet
microtubules that have slid away from the axoneme appear in
transverse section as single doublet microtubules rather than
clusters of doublets. Regulation of dynein activity may be due to
mechanical forces (for example, see refs. 61 and 62) or enzymatic
reactions, such as those catalyzed by kinases and phosphatases
(reviewed in ref. 15). In addition, coordinating dynein activity for
subsets of microtubules necessarily involves negative regulation
as well (12). The C2 microtubule may play a role in modulating
dynein activity; however, mutants lacking only components of
the C2 microtubule have not been described. To fully understand
the contribution of the central apparatus to flagellar motility will
require a biophysical assessment of central pair orientation or
rotation during beating as well as a complete characterization of
central apparatus components, including analysis of their struc-
tural organization.
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